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Abstract. Human monocytes, which contain few in- 
terphase microtubules (35.4 _  7.7), were used to study 
the dynamics of microtubule depolymerization. 
Steady-state microtubule assembly was abruptly 
blocked with either high concentrations of nocodazole 
(10 ~g/ml) or exposure to cold temperature (3"C). At 
various times after inhibition of assembly, cells were 
processed for anti-tubulin immunofluorescence mi- 
croscopy. Stained cells were observed with an intensi- 
fied video camera attached to the fluorescence micro- 
scope. A tracing of the entire length of each individual 
microtubule was made from the image on the televi- 
sion monitor by focusing up and down through the 
cell. The tracings were then digitized into a computer. 
All microtubules were seen to originate from the cen- 
trosome, with an average length in control cells of 7. I 
___ 2.7 ~m (n =  957 microtubules). During depolymeri- 
zation, the total microtubule polymer and the number 
of microtubules per cell decreased rapidly. In contrast, 
there was a slow decrease in the average length of the 
persisting microtubules. The half-time for both the 
loss of total microtubule polymer and microtubule 
number per cell was ~40 s for nocodazole-treated 
cells. The rate-limiting step in the depolymerization 
process was the rate of initiation of disassembly. Once 
initiated, depolymerization appeared catastrophic. 
Further kinetic analysis revealed two classes of micro- 
tubules: 70% of the microtubule population was very 
labile and initiated depolymerization at a rate ~23 
times faster than a minor population of persistent mi- 
crotubules. Cold treatment yielded qualitatively simi- 
lar characteristics of depolymerization, but the initia- 
tion rates were slower. In both cases there was a signif- 
icant asynchrony and heterogeneity in the initiation of 
depolymerization among the population of microtu- 
bules. 
URING interphase, animal cells contain a cytoplasmic 
microtubule  complex  (CMTC),  ~ within  which the 
majority of microtubules extend radially from the 
region of a juxtanuclear centrosome or microtubule organiz- 
ing center  (3,  30). Microtubule  assembly in living cells is 
initiated at the microtubule organizing center (3, 7, 29), and 
purified centrosomes nucleate the end-wise polymerization of 
microtubules in vitro (27, 28). The CMTC is a dynamic and 
labile structure that exists in some form of reversible mon- 
omer-polymer equilibrium  with a  cellular pool  of tubulin 
subunits (14). 
Several models have been proposed to explain steady-state 
tubulin-microtubule exchange in living cells. First, microtu- 
bules may be exchanging subunits all along their length, as 
initially proposed by Inoue from birefringence studies of the 
dynamics of mitotic spindle fiber assembly (13, 14). Second, 
microtubules may be in a simple equilibrium with the tubulin 
pool, changing length slowly by association-dissociation re- 
actions at the microtubule ends (10, 16). Third, tubulin flux 
through microtubules may occur by preferential assembly at 
I.  Abbreviations used in this paper: CMTC, cytoplasmic microtubule complex; 
FRAP, fluorescence redistribution after photobleaching; MAPs, microtubule 
associated proteins; saline G, a solution of 2 mM phosphate buffer, 0.137 mM 
NaCI, 5 mM KCI, 0.6 mM MgSO4, 0.1 rnM CaCl2, pH 7.3. 
one  end  and  disassembly at  the  other  end,  as  originally 
described by Margolis  and Wilson (23, 24). The energy driving 
this treadmilling process was proposed to be derived from the 
hydrolysis of tubulin-bound GTP which occurs after tubulin 
incorporation into a microtubule (23, 24). 
Recent in vitro studies by Mitchison and Kirschner (27, 
28) suggest that microtubules can exist in two distinct, per- 
sistent phases: a  "growing" phase and a  rapid "shrinking" 
phase. The transition between these phases is postulated to be 
regulated by the hydrolysis of GTP. As elongation proceeds, 
GTP ligated to tubulin within the core of the microtubule is 
hydrolyzed to GDP. Tubulin-GTP subunits are proposed to 
act as a cap at the microtubule ends, which permits continued 
microtubule  growth.  When  hydrolysis  of  tubulin-GTP 
catches up with elongation, the tubulin--GDP core is exposed 
and a  rapid,  catastrophic, and extensive depolymefization 
OCCUrs. 
A unique prediction of this Dynamic Instability model is 
the individuality of microtubule  behavior. At steady-state, 
microtubules do not maintain a constant equilibrium length. 
Instead they are continually growing or shortening. Asynchro- 
nous behavior is achieved if the rate of interconversion is a 
random process among the population of microtubules. This 
behavior was observed by Mitchison and Kirschner for mi- 
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onto isolated centrosomes. When the exogenous tubulin pool 
was diluted to reduce the rate of microtubule elongation, a 
heterogeneous response of the microtubule population was 
observed. Some microtubules did not shorten, while others 
depolymerized rapidly and completely. The rate of decrease 
in total polymer appeared limited by the rate of conversion 
of individual microtubules from a stable to a labile state (27, 
28).  This result was in contrast to the reported behavior of 
microtubules reassembled in vitro from tubulin plus micro- 
tubule associated proteins (MAPs) (16) or microtubules in 
lysed cell models (8, 35), where a synchronous response, with 
simultaneous, end-dependent depolymerization of the entire 
population was observed after dilution of the tubulin pool. 
Direct measurements of the dynamics of microtubules in 
living cells are necessary to discriminate among the proposed 
models for microtubule assembly, since the behavior of mi- 
crotubules is likely to depend on a variety of cellular factors 
such as MAPs, microtubule organizing centers, tubulin mod- 
ifications, and physiological conditions. Previously, the over- 
all pattern of spindle microtubule disassembly in metaphase 
cells has been investigated by microinjection of colchicine or 
colchicine ligation  to tubulin  into  cells to abruptly  block 
polymerization. Polarization microscopy was used to follow 
the loss of microtubule polymer by measurements of changes 
in spindle birefringent retardation (32, 42).  Microtubule de- 
polymerization was rapid (the half-time for depolymerization 
was 6.5  s), and the density of microtubules decreased uni- 
formly throughout the spindle (32, 42), but individual micro- 
tubule behavior was not resolved. The incorporation of tub- 
ulin into microtubules in vivo has been followed by microin- 
jecting  fluorescent tubulin,  as  a  tracer of the  endogenous 
tubulin pool (20,  31,  33,  40-42), and by measurements of 
fluorescence redistribution after photobleaching (FRAP) (31, 
33,  41,  42).  Fluorescent tubulin  was  found to incorporate 
uniformly  throughout  the  nonkinetochore  spindle  fibers 
within -1 min (34) and throughout the CMTC within 10-15 
min (20,  33).  Results of the FRAP studies are inconsistent 
with the simple equilibrium or treadmilfing models of steady- 
state microtubule polymerization (31,  33,  34, 41, 42).  They 
are consistent either with the asynchronous microtubule as- 
sembly behavior predicted by the Dynamic Instability model 
(27,  28) or the exchange of subunits all along the length of 
microtubules as proposed by the Dynamic Equilibrium model 
(13,  14). Soltys and  Borisy (38)  have  recently found that 
fluorescent tubulin incorporates only onto the distal ends of 
cytoplasmic microtubules, which is unexpected from the latter 
proposal that subunits can intercalate all along the length of 
microtubules. 
To obtain information concerning the pattern of microtu- 
bule disassembly in vivo, we examined this process by im- 
munofluorescent staining of cytoplasmic microtubules in in- 
terphase PtK1  and BSCI  mammalian tissue culture cells at 
various intervals after treatment with nocodazole (10 #g/ml) 
to abruptly block microtubule assembly. Nocodazole binds 
rapidly to the colchicine binding site on tubulin,  and this 
complex acts by a mechanism similiar to the tubulin-colchi- 
cine  complex  to  block  microtubule  elongation  (12,  21). 
Whereas colchicine enters cells slowly and binds to tubulin 
slowly, nocodazole rapidly diffuses into cells and rapidly binds 
to tubulin (12, 32). Spindle microtubule depolymerization in 
PtK1 and BSCI cells had a half-time of <10 s, which dem- 
onstrates that  nocodazole at  a  concentration of 10  ug/ml 
rapidly  binds  to  tubulin  subunits  in  vivo  (Salmon,  E.D., 
unpublished observations). Cytoplasmic microtubule depo- 
lymerization, in BSC1 and PtK1 cells, had a half-time of-100 
s and appeared very heterogeneous. No wave of depolymeri- 
zation from the cell periphery towards the centrosome was 
apparent; microtubule density decreased uniformly through- 
out the cytoplasm (6). However, because these cells contain 
several hundred microtubules, individual microtubules could 
not be tracked along their entire length during depolymeri- 
zation, and the behavior of individual microtubules could not 
be followed accurately. 
To follow the depolymerization of individual microtubules 
in vivo, we looked for a cell type with relatively few cyto- 
plasmic microtubules. Information in the literature indicated 
that white blood cells would be appropriate for our studies. 
They contain -35  cytoplasmic microtubules (1,  36) whose 
entire lengths can be measured when the cells are spread on 
coverslips. We chose to study monocytes, in part because their 
microtubules  were  distinctly  labeled  after  our  fixation 
method.  Microtubule assembly was  abruptly blocked with 
nocodazole (10  ug/ml)  and  the  disassembly  of individual 
microtubules tracked. The results using nocodazole were com- 
pared with the behavior of microtubules after treatment at 
3"C to induce disassembly.  In either case,  the kinetics and 
patterns of depolymerization demonstrate the individuality 
and heterogeneity of microtubule behavior. 
Materials and Methods 
White Blood Cells 
Human white cells were obtained by allowing whole blood to clot on coverslips 
that had been precoated with 5% human serum, at 37"C for 20 min in a humid 
chamber. Blood clots were removed from the coverslips by gently pulling the 
clot away while the coverslips were immersed  in saline G (2 mM phosphate 
buffer, 0.137 mM NaCI, 5 mM KC1, 0.6 mM MgSO4, 0.1 mM CaC12, pH 7.3). 
Coverslips were then rinsed in several changes of saline G to remove red blood 
ceils. The coverslips were flooded  with  saline G  and  returned  to a  humid 
chamber at 37"C for 20-30  rain to allow the remaining adherent cells time to 
spread. 
Alternatively, a preparation  of partially purified monocytes was obtained 
from the laboratory of Dr.  M. Cohen.  This preparation  normally consists of 
70% lymphocytes and 30% monocytes. 20-50 zl of a cell suspension, normally 
containing  1.5 ×  106 celis/ml, was placed on a coverslip in a humid chamber 
at 37°C. After 20 min cells were processed as described below. 
Microtubule Depolymerization and Indirect 
Immunofluorescence 
Nocodazole  (methyt-5-(2-thienylcarbonyl)-lH-benzimidazol-2-yl  carbamate, 
Sigma Chemical Co., St. Louis, MO) was prepared as a stock solution  of 10 
mg/ml in dimethylsulfoxide then diluted to a final concentration  of 10 zg/ml 
in saline G.  Coverslips were treated  for various times  with this  nocodazole 
solution at 37°C and were then fixed and processed for immunofluorescence 
by a modification of the procedure of Karsenti et al. (19). This procedure, with 
brief lysis of cells before fixation, gives very clear images of the microtubules 
with little background staining from the tubulin pool. Cells were lysed for 15 s 
in 80 mM Pipes, 5 mM EGTA,  1 mM MgCI2 pH 6.8, 0.5% Triton X-100. 
Lysis in this buffer has been shown to stabilize microtubule arrays for up to 50 
rain,  with no observable alterations  in the  microtubule  immunofluoreseent 
staining patterns when compared with control, unlysed cells (19, 35). After lysis 
the coverslips were fixed for 10 min in 2% paraformaldehyde,  0.1% giutaral- 
dehyde in phosphate-buffered saline (PBS, 0.137 M NaCI, 2.7 mM KC1, 1.5 
mM KH2PO4, 8 mM Na2HPO4), pH 7.3, washed in PBS, extracted in -20°C 
methanol  for 6 rain and -20°C acetone for 1 min, rehydrated in PBS, briefly 
rinsed (5 min) in PBS, 1% bovine serum albumin (BSA), 0.1% Tween-20, and 
finally rinsed again with PBS. Coverslips were then incubated with 50 ~1 of a 
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temperature,  or 30 rain at 37"C. They were next rinsed in PBS and incubated 
with 50 ul of a  1:25 dilution  of rhodamine-conjugated  goat anti-mouse IgG 
(Cappel Laboratories,  Cochranville,  PA) for 2 h at room temperature  or 30 
min at 37"C. A tertiary antibody of  rhodamine conjugated-rabbit anti-goat IgG 
( 1:50 dilution; Cappel Laboratories) was used to amplify the fluorescence signal. 
Coverslips were rinsed with PBS and mounted in Gelvatol (Monsanto Co., St. 
Louis, MO). 
Exposure to cold temperature  was also used to depolymerize  cytoplasmic 
microtubules.  Coverslips with  attached  monocytes  were placed  in saline G 
precooled to 3"C. Cooling of the coverslips, from 37"C to 3"C, as measured 
with  a  Tele-Thermometer  (Yellow Springs Instrument Co.,  Yellow Springs, 
OH), occurred within 8 s. After various times, the cells were lysed, fixed, and 
processed for immunofluorescence  as described above. 
Microscopy and Length Determinations 
For photography,  cells were imaged with a Zeiss 63x/1.4 numerical  aperture 
planapo lens on a Zeiss Universal microscope  (Carl Zeiss, Inc., Thornwood, 
NY) equipped  for epifluorescence. Cells were photographed  using Tri-X pan 
(Kodak) and developed in Kodak HC110. 
To determine  the length of each microtubule,  the fluorescent images of the 
cells were projected onto either a Venus DV2 or an MTI Sit 66 low light level 
camera attached to the fluorescence microscope and viewed using a Sanyo T. 
V. monitor (Model VM 4208). The fluorescent image of a cell was recorded, 
with a Sony videocassette recorder (Model VO-5800H), while focusing up and 
down through the cell. The contour length of each microtubule was then traced 
onto a 6" x 4  ~ sheet of transparent acetate. Because the 63x planapo lens has 
a very shallow depth  of field, all microtubules  cannot be followed in a single 
photograph.  By projecting the image onto a T. V. monitor, at a total magnifi- 
cation of ~6,000, and focusing up and down through the specimen, the contour 
length of a microtubule  can be accurately traced onto acetate. This procedure 
can be repeated for all microtubules  in the cell to generate a two-dimensional 
projection  of the CMTC. Since the images were first recorded on video tape, 
the microtubule  patterns could be followed repeatedly, without loss of infor- 
mation due to bleaching of fluorescence. By focusing up and down through 15 
cells, average cell height was found to be ~2 t~m. 
Data Analysis 
The  microtubule  tracings  were  digitized  with  a  HiPad  Digitizer  (Houston 
Instrument, Austin, TX) and an Apple II Plus computer (Apple Computer Inc., 
Cupertino,  CA). A program was designed to calculate individual  microtubule 
lengths, the mean length (_SD), and the number of microtubules per cell. The 
image of the digitized cell was also drawn on the computer screen and printed, 
along with the above data, with an Epson model MX-80F/T printer. 
27-45  cells per time point were traced  onto acetate  for the  nocodazole 
experiments; the total number of microtubules measured was 3,228. For cold- 
induced  depolymerization,  10 cells were traced  at each time point,  and 921 
individual  microtubules  were measured.  Statistical analysis was done with an 
IBM 3081 computer (IBM Instruments, Inc., Danbury, CT). Student's  t-test 
was performed by standard  methods (22). 
There was a small error involved in tracing a three-dimensional  microtubule 
array  onto a  two-dimensional  sheet  of acetate.  The  amount of error was 
estimated by drawing a right triangle with a base of 7.1 um (mean microtubule 
length) and a height of 2 ~m (estimate of cell height). The hypotenuse of this 
triangle was calculated to be 7.4 ~m. Thus, a microtubule  projecting out from 
the centrosome  at an angle relative to the substrate, assuming the microtubule 
bends little, will have its length underestimated  by a maximum of 5%. 
To model possible microtubule  depolymerization  pathways, the length dis- 
tribution ofthe control population was used as a starting point. This distribution 
is listed by the computer as the average number of microtubules  per  l-t~m 
length range (0.0--0.9 ~m, 1.0-1.9 urn, etc.) An amount of  polymer, equivalent 
to the amount lost experimentally, was then subtracted from the length distri- 
bution of the control population,  and the resulting number of microtubules at 
each  length  range  was compared  with  the  length  distribution  determined 
experimentally. 
Results 
The Cytoplasmic Microtubule Complex of  Monocytes 
Fig.  1  shows  fluorescence  and  phase  contrast  images  of a 
human monocyte after staining for immunofluorescence with 
a monoclonal antibody to tubulin. All microtubules appeared 
Figure 1. Immunofluorescence staining of a  human monocyte with 
a  monoclonal antibody to/~-tubulin. Cells were processed for im- 
munofluorescence as described in  Materials and  Methods. (a) Im- 
munofluorescence and  (b) phase-contrast images of the  same cell. 
Mierotubules radiate from the cell  center to the cell  periphery. The 
shape of the nucleus in the phase-contrast micrograph is indicative 
of a monocyte. Bar, 2 urn. 
to  radiate  from  the  centrosome.  Most  microtubules  were 
observed to end at the cell periphery, but in many cells a few 
microtubules extended to the cell periphery where they bent 
and followed the curvature of the cell perimeter for various 
lengths. Fig.  2, b-d, is a through-focal series of a  monocyte 
photographed from the video monitor, at -0.75-#m intervals 
and Fig. 2 a is the corresponding two-dimensional reconstruc- 
tion of all microtubules within the same cell,  demonstrating 
the accuracy of this technique. We have found these cells to 
contain an average of 35.4 +_ 7.7 microtubules (n =  27). This 
comparatively low number of cytoplasmic microtubules al- 
lows quantitative analysis of microtubule behavior since all 
microtubules of each cell can be readily identified and each 
microtubule's length can be accurately recorded. The average 
length of a microtubule was 7.1 _+ 2.7 #m (n =  957),  and the 
average total microtubule polymer per cell was 251 +  78 #m. 
Total microtubule polymer per cell was calculated by sum- 
ming the lengths of all microtubules in a cell. 
Depolymerization in Nocodazole 
When microtubule assembly was abruptly blocked with a high 
concentration  of nocodazole (10 #g/ml), there was a  rapid 
decrease in both the total amount of microtubule polymer 
and in  the  mean number of microtubules per cell,  but the 
length of remaining microtubules decreased slowly (Figs.  3, 
4, 5, and 6). This striking result was clearly apparent after 30 
s  of incubation  in  nocodazole.  During this time the  mean 
number of microtubules per cell decreased by 47%  (35.4- 
18.9; Fig.  5 b), while the change in mean microtubule length 
was insignificant (7.1-6.9/~m; Fig. 5 c). Statistical analysis by 
Student's  t-test confirmed a  significant difference in  mean 
microtubule number (P <  0.05)  between control cells  and 
cells treated for 30 s with nocodazole (Fig. 5 b). However, the 
difference in mean microtubule length (Fig.  5 c) during this 
interval was not significantly different (P > 0.05). With longer 
exposure to nocodazole there was a continued loss in micro- 
tubule number, accompanied by a slow decrease in the aver- 
age length of the remaining microtubules. The half-time for 
both the decrease in total polymer and in microtubule number 
was ~35-40 s (Fig.  5, a and b). 
Two distinct populations of microtubules appear to exist 
within the cytoplasmic microtubule complex based on their 
differential stability to nocodazole. This is shown in the bi- 
phasic semilogarithmic plots of the kinetic data (Fig. 5, d and 
e).  The  rate constants  of overall microtubule polymer loss 
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as described in  Materials and Methods. Bar, 2 um.  (b,  c, and  d) 
Optical  sections of the  same  monocyte  after  immunofluorescent 
localization oftubulin. The images  were photographed from the video 
monitor at ~0.75-#m intervals. Bar, l ~m. 
and microtubule number loss were calculated from the slopes 
of the semilogarithmic plots. For each case the half-time was 
calculated as tl/2  =  In 2/(first order rate constant). This data 
is summarized in Table I. There was an ~20-fold difference 
in  the  rates  of loss  of polymer and  microtubule  numbers 
between the two populations. The percent of microtubules in 
the  persistent  population  was  determined  by the  intercept 
with the  ordinate at time zero.  Approximately 70%  of the 
microtubules  belonged  to  the  labile  population,  while  the 
other 30% of the microtubules were differentially stable. 
The length  histogram data in  Fig.  6 demonstrates clearly 
that the rate limiting step in polymer disassembly was the rate 
of initiation of depolymerization and not the rate of tubulin 
dissociation  and  depolymerization  of individual  microtu- 
bules. The distribution of microtubule lengths changes very 
little  during  disassembly  in  nocodazole.  The  dashed  lines 
superimposed on the histograms in Fig. 6 represent theoretical 
changes in microtubule length distributions i  fall microtubules 
depolymerized simultaneously at the same rate. This model 
was calculated from the  initial  distribution  of microtubule 
lengths as described in  Materials and  Methods.  The actual 
distributions of microtubule lengths were not consistent with 
this mechanism. 
Since it appeared from Fig.  5, d and e that there were two 
distinct microtubule populations, a  model of depolymeriza- 
tion of all microtubules of a particular class (labile or differ- 
entially stable) by a synchronous, end-dependent mechanism 
was calculated. Several assumptions were needed to calculate 
the theoretical length distributions. During the first minute of 
nocodazole  exposure,  the  ~70%  loss  in  total  microtubule 
polymer was presumed to occur solely by loss of the labile 
population.  The length distribution  of the control cells  was 
then divided into two populations; 70% of each length range 
was assigned to the labile population and 30% to the persistent 
population. Depolymerization was assumed to be independ- 
ent of microtubule length, with all microtubules within a class 
depolymerizing synchronously at the same rate. Using these 
assumptions, the depolymerization was again modeled by an 
end-dependent, synchronous depolymerization, with the use 
of the labile microtubule population for the first minute and 
the  differentially stable microtubule population  for the  re- 
maining time points. This model is shown by solid lines in 
Fig.  6;  again the experimental data  are not consistent with 
simple, synchronous, end-wise depolymerization of the two 
populations. 
Short  microtubules,  unattached  to  the  centrosome  and 
located  near the  periphery of the  cell,  were observed only 
rarely (four fragments observed in 275 cells analyzed). Frag- 
ments  as  small  as  0.5  urn,  either  attached  or  free  of the 
centrosome, should be visible in our preparation. To deter- 
mine if small microtubule fragments were lost during the lysis 
step, the experiment was repeated with a  30-s incubation in 
nocodazole followed directly by fixation without prior deter- 
gent extraction, Although there was considerable background 
staining due to the cytosol tubulin pool, no fragments were 
observed (data not shown). Because microtubule depolymer- 
ization was rapid and complete once initiated and because so 
few fragments of microtubules were observed, we could not 
determine by our experimental protocol whether depolymer- 
ization of  a single microtubule was initiated at the centrosome, 
at the distal end, or at sites all along the microtubule length. 
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treated with nocodazole. Cells were treated with  10 
#g/mi nocodazole for the times indicated in minutes 
on each frame. Nearly all microtubules were seen to 
extend radially outward from the centrosome during 
all  stages of the  depolymerization  process. Some 
microtubules appear segmented because of  the shal- 
low depth of field of the objective lens used. Bar, 2 
/.tm. 
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Within our 30-s sampling interval, a microtubule completely 
disassembles once depolymerization is initiated. 
From our data we can only estimate a  lower limit for the 
nonsteady-state rate of tubulin dissociation from the popula- 
tion of microtubules that rapidly initiates depolymerization. 
Conceptually, it is simplest to envision that in -35 s, 50% of 
the microtubules have depolymerized completely, while  the 
other 50%  have  remained  unaffected.  An apparent  tubulin 
dissociation rate of 329 dimers/s per microtubule is required 
for depolymerization ofa microtubule of  7.1 #m length, based 
on  1,625 dimers/gm, within 35 s.  Since initiation  of micro- 
tubule depolymerization could occur continuously over this 
35-s interval, the true value of the dissociation rate constant 
is likely to be significantly greater than this estimate. 
Depolymerization at Cold Temperature 
As an alternative to nocodazole, we also blocked microtubule 
assembly by exposure of cells to 3"C.  In general,  cold treat- 
ment of cells produced a pattern of microtubule depolymeri- 
zation similar to that observed with nocodazole (Figs. 7-10). 
As with  nocodazole, there is a  slow decrease in the average 
length of persisting microtubules, with a faster loss of micro- 
tubule  number (Figs.  7-9).  The half-times  for number loss 
20 
J 
Figure 4. Examples of computer- 
generated line drawings of micro- 
tubule arrays obtained from single 
monocytes treated  with  nocoda- 
zole and processed for immunoflu- 
orescent staining of microtubules. 
The duration (in  minutes)  of in- 
cubation  in  I0 #g/ml nocodazole 
is indicaled for each frame. These 
images were generated from differ- 
ent cells than those pictured in Fig. 
3.  These  digitized  images  were 
used by the computer to determine 
the average length, the number of 
microtubules,  and the total  poly- 
mer length of the microtubules  in 
each cell. Bar, l #m. 
and total polymer loss are 2.3 min and  1.9 min, respectively 
(Fig. 9). Two microtubule populations are also present during 
cold-induced depolymerization, as shown by the semilogarith- 
mic plots  (Fig.  9,  d  and  e),  but  these  populations  are  less 
distinct than those observed after nocodazole treatment. The 
kinetic data derived from these plots are summarized in Table 
II. The labile population of microtubules comprises ~84% of 
the entire population, and the persistent population comprises 
the remaining  16%.  With cold exposure there  is a  6.4-fold 
difference in the rate of loss of microtubule numbers and a 
1.9-fold difference in the rate of total polymer loss between 
the two populations. 
The length distributions  shown in Fig.  10 were compared 
with  a  model  of synchronous microtubule  disassembly  by 
tubulin dissociation from all the microtubule ends. As shown 
by the dashed lines in Fig.  10, the actual microtubule length 
distributions during depolymerization are not consistent with 
this model during the early course of depolymerization. Only 
after drastic reduction in microtubule number and length (20 
rain) does the experimental data somewhat fit the theoretical 
model.  Calculations of theoretical  length distributions  were 
also  made,  taking  into  consideration  the  two  microtubule 
populations and by using assumptions similar to those made 
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lines (Fig.  10), fits the data only after long exposure (20 rain) 
to the cold temperature. As found in the nocodazole experi- 
ments, the rate of initiation of depolymerization and not the 
rate of microtubule shortening appears to limit the rate of 
depolymerization induced by cooling. 
Fragments of microtubules were not observed free of the 
centrosome during cold-induced depolymerization. After pro- 
longed cooling (20 rain), short microtubules extending from 
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Figure 5. The changes in total polymer (a, linear scale; d, semiioga- 
rithmic scale), number of mierotubules (b, linear scale; e, semilnga- 
rithrnic scale)  and  average  microtubule length  (c,  linear scale; f, 
semilogarithmic scale) per monocyte after depolymerization induced 
by treatment with 10 ~g/ml nocodazole. Each data point represents 
the  average of 27--45  cells,  and the  error bars correspond to  the 
standard error of the mean. 
the centrosome were seen as indicated in Fig.  10. 
Microtubule depolymerization induced by cold treatment 
was not as rapid as that induced by nocodazole. The mean 
length  of persisting  microtubules  remains  at  80%  of the 
O~ 
0 
.Q 
E  -.t 
¢- 
(9 
..O 
0 
0 
10 
Control 
0 
10["  5  10  15 
....  0.5  min 
5  :'  ", 
5  10  15 
10 F  1 rain 
5 I~/^"X ~' 
0  , 
5  10  1'5" "  " 
10 
I~  5  min 
0  . 
5  10  "1'5" 
I 
10 
I.~..~  20  min 
5 
0  T  ....  i  ,  •  •  5  10  15 
Length  (lam) 
Figure  6.  Histograms  of the  average  distribution  of microtubule 
lengths in monocytes after treatment with 10 ~g/ml nocodazole for 
the times indicated. Each histogram represents the average microtu- 
bule length distribution derived from 27--45 cells. Arrows denote the 
mean length at each time point. Dashed lines represent theoretical 
length distributions for synchronous shortening of all mierotubules 
at a  constant  rate.  The extent of microtubule shortening by  this 
mechanism was calculated to match the decrease in total polymer at 
each time point shown in  Fig.  5 a,  as described in  Materials and 
Methods. The solid lines show theoretical microtubule length distri- 
butions based on two microtubule populations, with different rates 
of polymer loss, and a synchronous disassembly within each popula- 
tion. 
Table L Biphasic Kinetics of  Microtubule Depolymerization  in Nocodazole* 
Labile population  Differentially stable population 
k (s-')  t~n (s)  %  k (s-')  t,n (s)  % 
Loss in total polymer  1.99 ×  10  -z  35  70  1.04 x  10  -3  666  30 
Loss in microtubule number  1.7 ×  10  -2  41  64  7.4 x  I0  -4  937  36 
* Values of the first order rate constants, k, the half-time, 6/2, and the percentage of the total microtubule population,  %, were calculated based on Fig. 5 as 
described in the text. 
The Journal of Ceil Biology, Volume 102, 1986  2028 control length after 3 min cold exposure (Fig . 9 c) . During the
same time interval there was a 66% decrease in the number
of microtubules per cell (Fig. 9b). Taking 112 s (Table 11) as
the half-time for polymer loss, the minimum rate of tubulin
dissociation required to produce complete depolymerization
of a 7 .1-jtm-long microtubule in 112 s was 103 dimers/s per
microtubule. The actual rate of tubulin dissociation, once
depolymerization is initiated, is likely to be much higher,
since initiation of depolymerization appears to be the rate-
limiting step. Based on the half-times for polymer loss (35 s
for nocodazole treatment and 112 s for cold treatment),
cooling to 3°C decreases the rate of initiation of depolymeri-
zation by 3.2-fold.
Disassembly of microtubules caused by nocodazole or cold
temperature could be reversed by either washing out the drug
or rewarming the cells to 37°C . Reassembly of microtubule
polymer to near pre-treatment levels was observed within 20
min after rewarming of the cells or dilution of the drug (data
not shown). Although the pattern of microtubule regrowth
has not been analyzed in detail, the ability of the cells to
Figure 7. Immunofluorescent micrographs of the pattern of micro-
tubule disassembly in monocytes after incubation at 3°C for the times
(in minutes) indicated on each frame . Procedures were the same as
described in the legend ofFig. 3 . Control and 60-min incubation not
shown . The pattern after 60 min is similiar to that found at 20 min.
Cooling was complete within 8 s. Bar, 2 km .
Cassimeris et al. MicrorubuleDynamics !n Vivo
regrow microtubules suggests that neither treatment caused
irreversible damage to the cells .
Discussion
Human monocytes have proved to be a useful cell type for
quantitative analysis ofmicrotubule behavior in vivo because
the length of individual microtubules can be accurately mea-
sured using relatively simple immunofluorescence and video
techniques. Overall, we have demonstrated that depolymeri-
zation of monocyte cytoplasmic microtubules, induced by
nocodazole (10 ug/ml) or cold temperature (3°C), produced a
rapid loss in total microtubule polymer (Figs . 5 and 9). This
loss in microtubule polymer occurred by reduction in the
number of microtubules and not by a simultaneous depolym-
erization of the entire microtubule population . Furthermore,
the pattern ofpolymer loss is similiar with either nocodazole
or cold temperature treatments, which suggests that the results
are not artifacts ofthe particular depolymerizing agent .
Monocytes do not flatten completely on coverslips. The
error in our length measurements in control cells is relatively
small, on the order of5% (see Materials and Methods) . During
microtubule depolymerization, cells usually round up . No
attempts have been made to calculate cell height at each time
point during depolymerization, but it seems reasonable to
assume that there is a slightly larger error in length measure-
ments at later time points during disassembly . This may
contribute to the decrease in mean microtubule length seen
during depolymerization .
With prolonged exposure to cold temperature, we see a
small population of microtubules shorter than the original
population (Figs. 9 and 10) . Several possibilities exist to
explain this observation . First, it is possible we had fixed
microtubules in the process of depolymerization, and that
this depolymerization was occurring from the distal ends
inward . Second, there may have been some slow growth of a
few microtubules under conditions where depolymerization
was expected . This has been observed in vitro after dilution
of the subunit pool well below the critical concentration for
assembly (27, 28) . Third, it is possible that some microtubule
assembly occurred during the 15 s in lysis buffer before
fixation, but there is no evidence to suggest this possibility.
20
2029
Figure 8. Examples of computer-
generated line drawings of micro-
tubule arrays obtained from single
monocytes incubated at 3°C for
the timesindicated (in minutes)on
each frame . These digitized images
were obtained as described in the
legend of Fig . 4, and were gener-
ated from different cells than those
in Fig. 7 . Bar, I um.Fourth, this observation may not represent normal microtu- 
bule behavior, since all cellular processes will be affected to 
some degree by exposure to cold temperature. 
As shown in the length distribution histograms (Figs. 6 and 
10), the rapid loss in microtubule polymer observed here was 
not consistent with a  simultaneous shortening of all micro- 
tubules.  A  model  based  on  synchronous  depolymerization 
within two microtubule populations with very different rates 
of polymer loss was also not consistent with the experimental 
data (Figs. 6 and 10). 
Alternately, the treadmilling model predicts that blockage 
of assembly would lead to a  faster loss of tubulin  subunits 
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Figure 9. The changes in total polymer (a, linear scale; d, semiloga- 
rithmic scale),  number of microtubules (b, linear scale; e, semiloga- 
rithmic scale), and average length (c, linear scale; f  semilogarithmic 
scale) per monocyte after depolymerization induced by incubation at 
3"C. Each data point represents the average value of l0 cells, and the 
error bars correspond to the standard error of the mean. 
from the ends near the centrosome (-ends), with a  slower 
loss  of subunits  from the  distal  (+)  ends  (23,  24).  If this 
mechanism were occurring it should produce within a cell a 
number  of shorter  microtubules  neither  connected  to  the 
centrosome nor extending  fully to  the  cell  periphery.  Our 
observations suggest that such a mechanism does not operate 
because we rarely saw short pieces of microtubules free in the 
cytoplasm. Recent evidence using FRAP of fluorescently la- 
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Figure  IO.  Histograms  of the  average distribution  of microtubule 
lengths in monocytes after incubation at  3"C for the times given. 
Each histogram represents the average microtubule length distribu- 
tion derived from 10 cells. Arrows denote mean length at each time 
point.  Dashed  lines  represent  theoretical  length  distributions  for 
synchronous  shortening  of all microtubules  at  a  constant  rate  as 
described in the legend of Fig. 6.  The solid lines show theoretical 
depolymerization of two microtubule populations as described in the 
legend of Fig. 6. 
Table H. Biphasic Kinetics of  Microtubule Depolymerization by Cold Temperature* 
Labile population  Differentially  stable population 
k (s -1)  tm (9  %  k (s -~)  tt/~ (s)  % 
LOSS in total polymer  6.2 x  10  -3  112  84  3.3 x  10  -3  210  16 
LoSS m microtubule number  5.0 x  10  -3  139  78  7.83 )<  10  -4  885  22 
* Values of the first order rate constants, k, the half-time, tw2, and the percentage of the total microtubule population, %, were calculated based on Fig. 9 as 
described in the text. 
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ceils also does not support the treadmilling hypothesis (3 l, 
33, 34, 41, 42). 
Theoretically, tubulin dissociation could also occur at sites 
distributed along the length of  microtubules (l 3, 14), however, 
we have no direct evidence to support or refute this possibility. 
Once disassembly was initiated, the rate of depolymerization 
was too fast to allow determination of the site(s) of subunit 
dissociation by our experimental approach. 
Our results are consistent with the persistent, individual 
behavior of microtubules as proposed by the Dynamic Insta- 
bility model of  Mitchison and Kirschner (28). When assembly 
was blocked in vivo, monocytes showed a dramatic decrease 
in microtubule number, with a slow change in mean micro- 
tubule length (Figs. 5 and 9). Preliminary results by McBeath 
and Fujiwara (26), with cultured cells from the inner surface 
of goldfish  scales,  also  report an  asynchronous pattern  of 
microtubule depolymerization. Clearly, in monocytes, as well 
as BSC1, PtKl (6), and goldfish cells (26), the entire microtu- 
bule population does  not  respond  in  unison; there  was  a 
heterogeneous response, rather than a gradual shortening of 
all interphase microtubules. Consistent with Mitchison and 
Kirschner's prediction, it appeared that in monocytes the slow 
step in the process was the actual initiation of depolymeriza- 
tion.  Once depolymerization began  it was  rapid and cata- 
strophic. 
There are several important consequences of our observa- 
tion that the rate of initiation of depolymerization dominates 
the kinetics of disassembly of the entire microtubule popula- 
tion. Our minimum estimate of the rate of depolymerization 
of 329 dimers/s per microtubule for interphase microtubules 
is within the range estimated by Salmon et al.  (32) for the 
depolymerization of sea  urchin  spindle  microtubules after 
microinjection of colchicine. It seems possible then that spin- 
dle and interphase microtubules have similiar rates of depo- 
lymerization, with the increased lability of spindle microtu- 
bules due to a  faster rate of initiation of disassembly. The 
asynchrony of microtubule disassembly in response to depo- 
lymerizing conditions may explain the uniform rate of decay 
of birefringence that occurs throughout the spindle after in- 
jection  of colchicine (32,  42).  Asynchronous microtubule 
turnover may also explain the rapid, uniform rate of tubulin 
incorporation throughout spindle fibers at steady-state assem- 
bly as shown recently by FRAP in both sea urchin embryos 
and mammalian cultured cells (31,  33,  41, 42).  This asyn- 
chronous microtubule behavior at steady-state assembly also 
explains  the  slower,  but  uniform  recovery of fluorescence 
after laser photobleaching of fluorescently labeled interphase 
microtubule arrays (33, 34). 
Presently, the origins of  the dynamic instability of  the labile 
microtubules and the differential stability of a minor fraction 
of the microtubule population in the CMTC of monocytes is 
not understood. Because we have observed a catastrophic loss 
of entire microtubules in the labile population during disas- 
sembly, microtubules must be stabilized either by "capping" 
complexes at the microtubule ends (4, 5,  11,  17, 25, 27, 28, 
43) or by the  cooperative binding of stabilizing MAPs  all 
along the length of a microtubule. 
Mitchison and Kirschner have proposed, based in part on 
the work on Cadier and co-workers (4, 5,  11), that microtu- 
bules are stabilized by attachment of their proximal (-) end 
to the centrosome and by tubulin-GTP caps on their distal 
(+) ends. The microtubule core of tubulin-GDP is relatively 
unstable  and  when  hydrolysis of tubulin-GTP catches up 
with the association of tubulin-GTP subunits at the micro- 
tubule ends, the microtubule will lose its cap and will depo- 
lymerize rapidly and completely. According to this model, 
the stability of microtubules growing from a centrosome is 
regulated solely by the  distal  cap of tubulin-GTP.  In  this 
regard, it would be useful to gain information on the site or 
sites of  subunit loss during depolymerization in vivo. As stated 
previously, we have found that disassembly occurred at a rate 
too  fast  to  allow  conclusive determination  of the  site  of 
subunit loss. McBeath and Fujiwara detected a loss of micro- 
tubules from the centrosome outward after cooling goldfish 
cells to -3"C (26). Whether or not this same phenomenon is 
true under more physiological conditions has not been deter- 
mined. 
GTP-tubulin caps  may be  responsible  for the  dynamic 
instability of  the labile microtubule population, but additional 
mechanism(s) are required to produce the differential stability 
of some microtubules. Both DeBrabander et al. (7) and Ber- 
shadsky and Gelfand (2) demonstrated that cytoplasmic mi- 
crotubules are stabilized against depolymerization when cells 
are treated with metabolic inhibitors. Inhibition of ATP pro- 
duction in vivo should result in a decreased GTP concentra- 
tion, fewer tubulin-GTP caps,  and thus the rapid depolym- 
erization of microtubules. Therefore, tubulin-GTP caps can- 
not be the only microtubule stabilizing mechanism present in 
vivo. 
Several  other  factors may  be  responsible  for regulating 
microtubule stability.  First,  certain tubulin species may form 
more stable microtubules (9, 39). Although different tubulin 
subtypes have been identified, their functional significance in 
the CMTC has not been established.  Second, MAPs may bind 
to a  limited subset of microtubules and result in increased 
microtubule stability. Third, as suggested  by the data with 
metabolic  inhibitors,  modification  of MAPs  may  lead  to 
microtubule stability.  This could result from tight binding of 
dephosphorylated MAPs (15,  18). In this regard it is interest- 
ing to note the much slower loss of microtubule polymer we 
see in cold-treated cells. This difference in rate could be the 
consequence of reduced ATP levels at lower temperatures. 
In summary, monocyte microtubules depolymerize rapidly 
once depolymerization is initiated, but initiation is asynchro- 
nous throughout the microtubule population when assembly 
is abruptly blocked. The labile microtubules comprise 70- 
84% of the total microtubule population, the remaining 16- 
30% of  the population is differentially  stable. The rate limiting 
step for disassembly appears to be the initiation of depolym- 
erization. The data presented here are predicted by the Dy- 
namic Instability model (28) of microtubule assembly, but 
the origin of microtubule instability and differential stability 
remains unknown. 
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